Measurements of microbial extracellular polymeric substances (EPS) of natural field populations are required to understand the processes of biogenic stabilization and the microbial ecology of intertidal sediments. EPS in sediments can be measured by the phenol-sulfuric acid assay to measure carbohydrate concentration in sediment samples. We conducted comparative studies of storage and extraction methods for carbohydrate fractions on intertidal estuarine sediments. Measurements of both total and colloidal (material remaining in suspension after aqueous extraction and centrifugation) carbohydrate concentrations were highly dependent on storage conditions, sample size, extraction media, and time. Precipitation (in 70% ethanol) of EPS from saline (25ym) extractions of colloidal carbohydrate (colloidal S) from four different sediment microbial assemblages showed that 20% of colloidal carbohydrate present in extracts consisted of EPS. Concentrations of colloidal S were highly correlated with diatom biomass as determined by chlorophyll a concentrations.
In aquatic habitats, many microorganisms secrete extracellular polymeric substances (EPS) into the surrounding environment. The ability of bacteria to secrete polymeric material is impressive, and it has been calculated that a single bacterium (Azotobacter sp.) can produce enough EPS to coat more than 500 particles (0.4-pm diam) per day (Dade and Nowell 199 1) . This polymeric material has variously been described as slime, mucus, mucilage, glycocalyx, and exopolymer. However, the various longchain molecules produced and secreted by microbial metabolism can be described collectively as EPS. Historically, there has been considerable interest in the role of EPS at the cellular level in the avoidance of desiccation, in cell attachment (Savage and Fletcher 1985; Daniel et al. 1987 ) and locomotion (Edgar and Pickett-Heaps 1984) , and in resistance to toxins (Decho 1990 ). On a larger scale, organic secretion from microbial cells may act as an important vector for carbon cycling and as a carbon source for other microbes and for deposit-feeding invertebrates (Baird and Thistle 1986; Decho and Moriarty 1990; Decho and Lopez 1993) . Organic materials in sediments also influence the critical erosion threshold for the entrainment of natural sediments (Dade et al. 1990; Underwood and Paterson 1993a,b; Daborn et al. 1993) ; for this reason, there is considerable interest in making measurements of EPS concentration in natural sediments.
There is no single analytical method that can detect all components of microbial EPS, but a method commonly used to quantify EPS in sediments is the phenol-sulfuric acid assay (Dubois et al. 1956 ). This calorimetric method is sensitive to a wide range of carbohydrates, including sugars, methylated sugars, and neutral and acidic polysaccharides, which comprise most of the components of microbial EPS (Decho 1990) ; it is therefore a useful measure to quantify EPS material from sediments.
The phenol-sulfuric assay has been used in a number of studies investigating the effects of microbial films on sediment stability (Grant et al. 1986; Madsen et al. 1993; Yallop et al. 1994) . Although comparison of the data presented in these publications is desirable, it may not be valid, because there is insufficient information about the effect of different protocols for sample storage and extraction on polymer recovery. Although measurements of sediment carbohydrate concentration with the phcnolsulfuric assay are straightforward, different procedures for sample storage and preparation have been used, including immediate measurement of fresh material (Grant and Gust 1987) , wet storage of sediment samples on ice (Grant et al. 1986 ), storage at 4°C (Liu et al. 1973; Madsen et al. 1993) , drying at 105°C (Liu et al. 1973) , freezing and storage at -70°C (Underwood and Paterson 1993a,b) , and lyophilization (Fazio et al. 1982; Yallop et al. 1994) . Similarly, different techniques have been used to separate carbohydrates into either a supernatant fraction (termed "soluble, colloidal" or "labile") or a sediment fraction ("bulk, bound" or "capsular") . The amount of EPS in each fraction is thus highly method-dependent. This paper describes a series of investigations into the effects of storage and extraction procedures on the measurement of intertidal sediment carbohydrates. We also suggest a standard protocol for obtaining reproducible measurements of sediment carbohydrate fractions that appear to be biologically relevant.
Materials and methods
The terminology used to describe polymers of biological origin in sediments is confused. In this paper, we use EPS as the generic term for all biologically produced polymeric substances in sediment. EPS should not be used as synonymous with the results from the phenol-sulfuric acid assay, which measures a range of carbohydrates (Dubois et al. 1956 ). The phenol-sulfuric acid assay measures total carbohydrate concentration of a sediment directly in sediment samples that have not been subjected to any extraction procedure; therefore, all carbohydrate within the range of the assay, including intracellular, extracellular, and particle-bound material, is hydrolyzed and measured. Extracted fractions are referred to as colloidal carbohydrate (liquid phase) and bound carbohydrate (solid phase). Because the proportion of carbohydrate found in each phase is determined by the extraction procedure, it must always be clearly defined. The use of EDTA or saline media in extraction of carbohydrate is indicated as follows: colloidal EDTA and colloidal S. Where colloidal extracts of carbohydrate have been precipitated in 70% alcohol (Decho 1990) , the washed precipitate (consisting of polymeric polysaccharide molecules) is termed EPS.
The experiments detailed below were carried out with diatom-rich, intertidal, cohesive sediment from Portishead, Severn estuary, U.K., unless otherwise stated. Samples of surface sediment (5-mm depth) were taken with minicores (cutoff 16-mm-diam syringes) and thoroughly mixed. Analysis of the sediment indicated -200 pg Chl a g-l dry weight of sediment, a mean grain size of 16-3 1 -pm diameter, average water content of 60%, and ashfree dry weight (AFDW = 1 h at 550°C) of 10%.
Carbohydrate was measured with the phenol-sulfuric acid assay. Total sediment carbohydrate concentrations were measured by adding 2 ml of distilled Hz0 to a known weight of sediment, followed by 1 ml of 5% aqueous phenol (wt/vol) and 5 ml of concentrated H,SO,; the absorbence was the measured against a reagent blank at 485 nm (Dubois et al. 1956; Liu et al. 1973) . Calibration was via a standard curve of absorption vs. glucose concentration to give results in microgram glucose equivalents (glut. es.). Concentrations of colloidal carbohydrate were measured in a 2-ml sample of supernatant obtained from sediment after a set extraction time in either 25o/oo saline or 100 mM EDTA followed by centrifugation at 3,620 x g for 15 min.
Efect of sediment storage and processing-We measured the effect on the total and colloidal carbohydrate concentrations of sediments by freezing sediments at -70°C and storing them overnight, then thawing and treating them as fresh sediment, oven drying at 60°C for 24 h, and finally by lyophilization. After treatment, we made total and colloidal (extraction for 1 h at 30°C) carbohydrate measurements and compared these measurements to those of identical fresh (i.e. untreated) sediment.
Sediment sample size and carbohydrate concentrations-Examination of the effect of sediment sample size on total and colloidal carbohydrate concentrations was carried out with 2-l ,000 mg dry weight (dw) samples. In addition, the recovery of colloidal carbohydrate was tested by spiking sediment samples with EPS produced by the diatom Cylindrotheca closterium Reimann & Lewin. Unialgal (but not axenic) cultures of diatoms were grown in Lewin's seawater media in batch culture for 21 d. Cultures were centrifuged at 3,620 x g, and the EPS was precipitated from the supernatant in cold 70% ethanol (Decho 1990 ). The EPS was washed and precipitated twice (Decho 1990 ) and then lyophilized. Dried EPS was added to 100 mg dw samples of sediment to provide total sediment carbohydrate concentrations between 1 and 55 mg g-I. The total and colloidal (extraction for 15 min at 20°C in 257~ saline; see discussion) carbohydrate concentration of these samples was then measured and compared with expected values.
Efect of extraction time and extraction media on colloidal carbohydrate-Colloidal carbohydrate fractions were extracted from replicate (n = 5) 100 mg dw sediment samples by two different methods. In the first method, samples were incubated at 20°C with 5 ml of 25a/oo saline, and the colloidal carbohydrate concentration of the supernatant was measured after 0, 1, 2, 3, 4, 5, and 6 h (single extractions). In the second method, samples were incubated for 6 h, the supernatant was removed and measured for colloidal carbohydrate after each hour and 5 ml of fresh saline (25o/oo) added (repeated extractions). All samples were vortex-mixed (Rotamer, HATI) for 10 s every hour.
The effect of extraction media was also investigated. Extractions of colloidal carbohydrate material (extraction for 15 min at 20°C) were conducted in 5, 15, and 25o/oo saline and 1, 10, and 100 mM Na,EDTA solutions.
Percentage of polymeric material in colloidal carbohydrate extractions -The percentage of polymeric material in the colloidal-S and colloidal-EDTA fractions (obtained with 25G saline and 100 mM EDTA with a 15-min extraction at 20°C) was measured by precipitation in 70% ethanol, followed by a single wash with 70% ethanol, resuspension in distilled water, and measurement with the phenol-sulfuric acid assay. This procedure precipitates the polymeric polysaccharide molecules in EPS while removing low-molecular-weight compounds (Decho 1990) . These measurements were carried out on material from a saltmarsh-mudflat in the Blackwater estuary, Essex, U.K. The microbial assemblages at these sites were sampled with 5-mm-deep minicores (as above) and counted by 400 x phase microscopy of surface sediment, distinguishing between diatoms, flagellates, cyanobacteria, and large filamentous bacteria. Filamentous organisms were scored in IO-pm unit lengths. No attempt was made to count numbers of small bacterial cells.
Relationship between sediment carbohydrate fractions and microbial biomass-Measurements of sediment carbohydrate concentrations were carried out on 2-mm-deep sediment samples from the upper shore at Aust, Severn estuary. Two different colloidal carbohydrate fractions were extracted, in either 257~ saline (colloidal S) or 100 mM Na,EDTA (colloidal EDTA) for 15 min at 20°C. Sediments and supernatant samples were measured for carbohydrates (phenol-sulfuric assay) and uranic acids (Blumenkranz and Asboe-Hansen 1973) . Samples for uranic acid measurement were treated in the same way as those: for carbohydrate measurements; colloidal samples were taken from the same supernatant material as those for carbohydrates and total measurements made on separate dry sediment samples. Calibration was via a standard curve of absorption vs. glucuronic acid concentration which gave results in pg glucuronic acid equivalents (glucur. es.). Chlorophyll a and pheophytin concentrations were measured according to Jensen ( 1978) , and bacterial cell densities were measured in formaldehydepreserved sediments by means of acridine-orange fluorescent direct counts (Hobbie et al. 1977) . Apart from bacterial counts, all measurements were carried out with lyophilized sediments. Pearson's correlation coefficients were calculated between variables by means of Bonferroni-adjusted critical values (a/n) to assess significance (SYSTAT 1992).
Scanning electron microscopy-Surface sediment was collected by removing small samples on metal foil boats and freezing them in liquid nitrogen for subsequent lowtemperature SEM (Paterson et al. 1986 ). The samples were mounted onto specialized low-temperature SEM stubs while still submerged in liquid nitrogen, and the stubs were transferred through an argon-filled airlock onto the cooled stage of a Philips 50 1 B SEM for examination.
Statistical analysis -Multiple comparisons were made by ANOVA followed by posthoc analysis (Tukey's test) to establish the significantly different groups. All manipulation and analysis of percentage data was carried out on arcsin-transformed data, with the back-transformed data presented in the figures.
Results
Eflect of sediment storage and processing-There was significant variation between treatments for both total (Ej,% = 19.6 1, P < 0.001) and colloidal-S (F3,76 = 6.33, P < 0.00 1) carbohydrate concentrations (Fig. 1) . Freezing of sediment samples and storage at -70°C resulted in significantly higher (Tukey's test, P < 0.001) total carbohydrate concentrations than concentrations in ovendried, lyophilized, and fresh sediment material. Concentrations of colloidal-S carbohydrates from frozen, ovendried, and lyophilized sediment were significantly higher (Tukcy's test, P < 0.01 in each case) than concentrations in fresh sediment (Fig. 1) .
Sediment sample size and carbohydrate concentration-The phenol-sulfuric acid assay produced linear relationships between sediment sample size and carbohydrate yield across a range of sediment weights from 2 to 1,000 mg dw for both total and colloidal-S carbohydrate measurements. (Fig. 2) . The phenol-sulfuric assay was also sensitive to spiked sediment carbohydrates, producing a linear response with increasing concentrations of lyophilized carbohydrate extract (Fig. 3) . However, measuring total carbohydrate concentrations in samples sizes > 30 mg generated densely colored solutions that needed serial dilution with blank reagent to obtain spectrophotometer absorbence readings between 0 and 1,000.
Efkct of extraction time and extraction media on colloidal carbohydrates-Repeated extractions of colloidal-S carbohydrate from sediment samples resulted in a greater cumulative yield than did merely increasing the incubation time of a single extraction (Fig. 4) . About 60% of the colloidal-S carbohydrate present in a l-h extraction (473 pg g-l) was present in an immediate aqueous extraction (322 yg g-i). Although increasing incubation time did increase the carbohydrate yield (F6,28 = 17.3, P < 0.00 l), this increase stopped after 3 h (Tukey's test, P > 0.05), and after 6 h, 600 pg of glut. eq. g-l had been extracted. In the repeated extractions, the yield of colloidal-S carbohydrate in each successive extraction declined, but the bacteria/cyanobacteria-rich upper saltmarsh site. The percentage of polymeric material in the EDTA extracts was significantly positively correlated with total sediment carbohydrate concentration (r = 0.73, n = 50, P < 0.001) and with sediment AFDW (r = 0.66, n = 50, P < 0.001).
Relationship between sediment carbohydrate fractions and microbial biomass-The microalgal assemblage in the sediments used for these measurements consisted of almost 100% epipelic diatoms with the occasional flagellate, but with no cyanobacteria. Sediment Chl a concentrations were significantly and positively correlated with the total, colloidal-S, and colloidal-EDTA carbohydrate fractions (r = 0.527,0.892, and 0.672, P < 0.001 for each case) ( Table 3) . The relationship between sediment Chl a and colloidal-S carbohydrate concentration gave the highest r-value obtained (r = 0.892, Fig. 5A ). Chl a concentration was significantly positively correlated with sediment pheophytin concentration (r = 0.658). There were no significant correlations between Chl a and either of the colloidal uranic acid fractions.
Sediment pheophytin concentrations were also significantly positively correlated with the three different sediment carbohydrate fractions, and the greatest correlation was between pheophytin and colloidal-EDTA carbohydrate (r = 0.685, Fig. 5B ). There were no significant correlations between pheophytin and uranic acid concentrations. Bacterial cell densities were correlated with sedimcnt pheophytin concentrations (r = 0.558, P < O.OOl), with weaker correlations with sediment Chl a, colloidal-S carbohydrates, and uranic acid concentration (Table 3 ).
The concentrations of total, colloidal-S, and colloidal-EDTA carbohydrates were significantly correlated with each other, but there were no significant correlations between any of the uranic acid fractions measured. Because uranic acids are a subset of the carbohydrates measured by the phenol-sulfuric assay, it is possible to calculate the percentage of uranic acids to total carbohydrates in the sediment fractions measured. Total uranic acids and colloidal-S uranic acid concentrations were 19 and 20% of the total and colloidal-S carbohydrate concentrations, respectively. However, uranic acids consisted of 65% of the carbohydrate material in the colloidal-EDTA fraction (Fig. 6) .
'I
Discussion
Research on microbial exopolymers has focused on EPS obtained from laboratory-grown bacterial cultures (Christensen 1989; Decho 1990; Helyer et al. 1993) , sewage sludge (Brown and Lester 1980; Rudd et al. 1982) , or artificial surfaces (Charaklis and Cooksey 1983; Liu et al. 1993) . A wide range of analytical techniques has been used to extract and measure EPS from such material (see Decho 1990 ). These studies have concentrated mainly on the chemical composition of EPS produced in culture or the structural nature of EPS as an attachment material (Daniel et al. 1987; Hoagland et al. 1993) .
However, most of the techniques used to characterize components of EPS from laboratory cultures are not easily applicable to natural sediment samples. The phenolsulfuric acid assay is most often used as a general measure for the relative amount of EPS within the sediment system, where characterization of EPS is not required. Our results show that some care must be taken in the use of the phenol-sulfuric acid assay to infer EPS through the measurement of carbohydrates in sediments. Variations in storage, extraction medium, and timing all have significant influences on the outcome of the assay and in particular on the partitioning of carbohydrate between the colloidal and bound forms. Treatments to extract carbohydrates have included vortex-mixing, homogenization, warm-water aqueous extraction (at various temperatures), followed by centrifugation (at various g forces) (Grant et al. 1986; Underwood and Paterson 1993a,b; Madsen et al. 1993 ) and polymer separation by dialysis tubing (Malej and Harris 1993) . Separation of carbohydrates between the phases will depend on the characteristics of the EPS in terms of sugar composition, structure, degree of cross-linkage, nature of bridging between molecules, and binding to the substratum (Hayes 1980; Christensen 1989; Decho 1990 ). EPS also collates metal ions which form cross bridges that strengthen interchain linkages and may change the conformation of the matrix (Decho 1994 ). All these factors will influence the characteristics of extracted material.
Storage efects on carbohydrate concentrations-In many ecological studies, samples cannot be analyzed immediately, and some mechanism of sample storage is required. Working with wet sediments (either kept on ice, Grant et al. 1986; or "cool," Madsen et al. 1993 ) and estimating sediment dry weight after reaction has been found satisfactory for sandy sediments. The time period over which material was kept cool is not given in these references but presumably would be brief, otherwise microbial changes could occur. A similar wet sediment method was used with cohesive sediments by Paterson et al. (1990) and Underwood and Paterson (1993a,b) , although the sediments were frozen and stored at -70°C (because sampling occurred on consecutive days). Howcarbohydrates can be measured down to 3-4 cm (Unever, with cohesive sediments, this method is liable to derwood unpubl. obs.) In epipsammic assemblages and errors in obtaining accurate dry weights after analysis, as cyanobacterial mats, living cells can be found as deep as fine sediments must be removed from reaction tubes and 6 mm, with primary production occurring in the surface dried. In our study (Fig. I) , freezing the sediments gave 2 mm (Yallop et al. 1994 ). Sampling at too great a depth higher total sediment carbohydrate values compared to risks including algae-free sediment, while shallow samother treatments (oven drying and lyophilization). The pling could miss a substantial proportion of the algal advantage of lyophilization over oven drying is that the population. In typical cohesive sediments, 5-mm-deep resulting sediment material is a fine powder which enables samples can be reliably obtained in the field, although in effective subsampling and accurate weighing. Also, samfirmer sediments, it is possible to take thinner samples. ples can be easily stored, handled, and used for other It is clearly important to state sample depth when pubbiochemical assays (e.g. Yallop et al. 1994) .
lishing the results of such studies. All of the methods of sediment storage investigated resulted in increased colloidal carbohydrate fractions compared to fresh material. The colloidal carbohydrate fraction may consist of both intra-and extracellular oligoand polysaccharides. When sediments are processed, the colloidal fraction could increase due to cell breakage or leakage from intracellular pools. The increase in colloidal carbohydrate concentration due to storage is large and could have a profound effect on quantitation and the relationship between the colloidal fractions and other sediment variables. However, such problems have to be considered on the basis that the technique and the fractions it generates are operational and, provided that the conditions used are kept constant, give repeatable results.
Extraction time and media-Microbial
EPS exhibits a range of binding capacities (Decho 1994) , and the results presented in Figs. 1 and 4 and Table 1 suggest an equilibrium between bound carbohydrate in the sediment and carbohydrate associated with cells and the colloidal fraction in the aqueous phase. It must be noted that cells themselves may be found in suspension, and some material in the colloidal phase may originate from this source. However, we have found that passing colloidal extracts through 0.2-pm membrane filters (which would remove suspended cells) dots not reduce the carbohydrate concentration of the extract (unpubl. data). Repeated extractions increased the overall yield of colloidal-S carbohydrate material, presumably as more of the bound material became suspended in the colloidal phase. Long-chain carbohydrates can have varying binding characteristics related to cross linking and hydration state (Decho 1990) . Extracting with EDTA can increase the carbohydrate yield, probably by chelating metal ions which form interchain links. Therefore, extraction methods that use EDTA may release more tightly bound EPS (capsular EPS) into the colloidal phase (Decho 1990 ).
Efect of sediment sample size-Measurements of the performance of the phenol-sulfuric acid assay (Figs. 2, 3) showed that repeatable results could be obtained across a range of low sediment sample sizes. Such data are similar to those of Liu et al. (1973) from lake sediments; Liu et al. showed a linear response between sediment sample size and carbohydrate yield between 0 and 150 mg wet weight of lake sediments. However, the optical density of the resulting solutions when sediment samples ~30 mg were used required serial dilution in reacted reagent blanks before measurement could be made. To avoid this time-consuming procedure, we recommend using 30 mg dw of sediment in measurements of total sediment carbohydrate. Measurement of total and colloidal carbohydrate in samples that had had their carbohydrate concentration increased produced a linear recovery up to the maximum concentrations tested (Fig. 3) . The highest concentrations generated in the addition and recovery experiment (5 5 mg g-I) were far in excess of those measured in intertidal cohesive sediments by Underwood and Paterson (1993b) in the Severn estuary over a 1-yr period (max concn, 17 mg g-l) and by Yallop et al. (1994) in both diatom-dominated and cyanobacteria-dominated sediments (max, 12 mg g-l). However, the addition of C. closterium EPS would have increased the amount of colloidal-S carbohydrate in the samples (because the diatom EPS was extracted from a colloidal-S sample), which may be easily hydrolyzed.
The depth to which minicore samples are taken is another aspect of sample size that poses problems. Although in cohesive sediments primary production only occurs in a 300-pm-deep surface layer (Yallop et al. 1994 ) and most of the diatoms are in the top 2 mm of sediment (Paterson 1989; Yallop et al. 1994) , both chlorophyll and colloidal There is a possibility that increased carbohydrate yield after EDTA extraction is due to leakage from intracellular material (Brown and Lester 1980; Decho 1990 ). Procedures for extraction of bacterial EPS from cultured material include the addition of formaldehyde to reduce cellular leakage (Decho and Moriarty 1990) , but formaldehyde interferes with the phenol-sulfuric assay. Levels of intracellular contamination of EPS material of between 3.3 and 4.1% have been measured in extractions using EDTA (but these methods also include homogenization and blending) at concentrations up to 40 mM (Platt et al. 1985; Decho and Moriarty 1990) , but these studies do not separate the effects of EDTA from the rest of the procedure. Brown and Lester (1980) did not recommend the use of EDTA to extract EPS from Klebsiella aerogenes, but Platt et al. (1985) found that Brown and Lester's (1980) techniques were not suitable for bacteria cultured from freshwater sediments. It would appear that there are problems with using EDTA to aid EPS extractions. The effect of EDTA will also depend on the concentration of metal ions present, and seawater extractions need higher EDTA concentrations to overcome the binding of EDTA to metal ions present in the media (Decho 1990 ).
We did not measure the potential contamination of intracellular compounds to the colloidal fractions, but a number of indicators suggest that such contamination is low. If intracellular contamination were large, then colloidal-EDTA concentrations would be expected to show a greater correlation with biomass measures such as Chl a or total carbohydrate concentrations than with colloidal-S extractions; this was not the case (Table 3) . Colloidal EDTA consisted of between 19 and 38% polymeric carbohydrates, the remainder of the material being low-molecular-weight compounds, while colloidal-S extracts were 20-25% polymeric ( Table 2 ). The amount of polymeric material in colloidal-EDTA fractions was positively correlated with general measures of biological material in sediments (total carbohydrates, AFDW), but the higher percentages of uranic acids in the EDTA extracts (Fig. 6 ) also indicates that EPS is being removed from extracellular bacterial components of the microbial assemblage (due to the presence of uranic acids in bacterial EPS but not in intracellular material, Fazio et al. 1982; Uhlinger and White 1983) .
Correlations between carbohydrate fractions and measures of microbial biomass-The high degree of correlation (Table 3 , Fig. 5A ) between colloidal-S carbohydrate and Chl a concentration in sediments dominated by epipelic diatoms (Fig. 7A-C, E) indicates that the colloidal-S fraction contains motility polysaccharides produced by living epipelic diatoms ( Fig. 7F ; Edgar and Pickett-Heaps 1984) . This conclusion has been made previously (Paterson et al. 1990; Underwood and Paterson 1993a, b) and has recently been supported by Madsen et al. (1993) , who showed that colloidal carbohydrate was correlated with epipelic and not epipsammic diatom biomass. Some studies have found either weak or nonexistent relationships between Chl a and colloidal carbohydrate concentration (Grant et al. 1986 ). Such results may reflect the different microbial populations present in the sediments or the nature of the environment investigated. The relationship between colloidal carbohydrate and diatom biomass is strong when epipelic diatoms are the major group present (Underwood and Paterson 1993a,b; Madsen et al. 1993; Underwood 1994) ; in sandy sediments dominated by epipsammic diatoms or filamentous cyanobacteria (Grant et al. 1986; Grant and Gust 1987; Yallop et al. 1994) , this relationship is less apparent, which illustrates another problem in comparing data from different benthic studies: sediment characteristics can influence the types of microphytobenthos present.
The lower (but still r > 0.6) correlation between Chl a and colloidal-EDTA carbohydrate (Table 3) suggests the additional inclusion of material less dependent on diatom biomass in this extract and of colloidal polysaccharide material produced by diatoms. The correlation (r > 0.6) between colloidal-EDTA carbohydrate and pheophytin concentration (a degradation product of Chl a) suggests a link between the colloidal-EDTA fraction and senescence of the assemblage, perhaps through cell leakage or release of material normally bound to living cells. Bacteria may be utilizing the senescing cells, as indicated by the significant correlation (r > 0.5) between bacterial density and pheophytin concentration (Table 3, Fig. 7D ). The link between senescing diatoms and bacterial activity has been made recently for planktonic species (Nygaard and Hessen 1994) . Mat-forming bacteria and cyanobacteria also produce EPS (Grant and Gust 1987; Yallop et al. 1994) , although this material seems to consist of more tightly bound polymers (i.e. more likely to be present in a colloidal-EDTA fraction) than diatom-motility EPS (i.e. colloidal S) ( Table 2 ; Yallop et al. 1994) . The increase in the percentage of actual polymeric material (EPS) in the colloidal-EDTA extractions from the bacteria-and cyanobacteria-rich assemblages shown here ( Table 2 ) also suggests that such procaryotic carbohydrate is more tightly bound and less likely to be extracted in a colloidal-S extraction.
Uranic acids -Uranic acids are found predominantly outside the cell membrane in bacteria (Fazio et al. 1982; Uhlinger and White 1983) , and bacterial EPS from marine situations has been shown to consist of up to 20-50% uranic acids (Kennedy and Sutherland 1987) . It has been suggested that uranic acids should be used as a measure of exopolymer abundance rather than general measurements of carbohydrate, such as the phenol-sulfuric assay (Fazio et al. 1982; Uhlinger and White 1983; Decho pers. comm.) . However, such a view merely emphasizes the predominance of bacterial EPS studies and makes no allowance for the potentially large pool of sedimentary EPS produced by diatoms. Uhlinger and White (1983) showed that the percentage of uranic acids in EPS fractions decreased from 26% in cultures of bacteria to 5% and 3.2% in extractions from marine sands and muds. The limited data for diatom EPS composition do not suggest that uranic acids are a useful "marker" for diatom EPS (Hoagland et al. 1993 ). This conclusion is supported by the data presented in Table 3 , which indicated no substantial relationship between any of the measures of autotrophic biomass and uranic acids (the correlation between Chl a and total uranic acids explained only 8% of the variation). The percentage of uranic acids to carbohydrates (measured by phenol-sulfuric acid assay, which also measures uranic acids) was constant at 20% for both colloidal-S carbohydrate (which reflects diatom-motility polymers) and total carbohydrate concentrations (Fig. 7) . However, the percentage of uranic acids increased to 65% for the colloidal-EDTA fractions, suggesting a greater contribution by bacterial EPS (based on the information cited above) to the colloidal-EDTA extract, due to the ability of the EDTA extraction to remove more tightly bound (bacterial?) carbohydrate material from the sediments. This assumption requires further investigation.
Conclusions
We recommended the following procedure for measuring sediment carbohydrate fractions as an index of EPS in sediments. Keep samples cool and lyophilize them as soon as possible after collection. Use lo-30 mg of sediment for analysis of total carbohydrate by the phenolsulfuric acid procedure. Use 100 mg dw of sediment for extraction of colloidal fractions. For separate 100-mg sed-iment Na,EI 15 mi ml of procec The of sall samples, extract in 259c~ saline and in 100 mM useful considering the natural heterogeneity of sediment >TA, vortex mix to suspend sediment, incubate for habitats. Measurement of extracts after brief incubation n at 20°C. Centrifuge at 3,620 x g and remove 2 times (15 min) allows several samples to be run simulsupernatant, then follow the phenol-sulfuric acid taneously and ensures that the "immediately colloidal"
lure (see methods).
advantage of this method is that a large number material is extracted, rather than a range of solubility types, as could happen with longer term incubations (Fig.  lples can be processed relatively quickly, which is 4). The use of saline solution as an extraction medium is also suggested because flocculation and deposition of fine sediment particles during centrifugation is enhanced in saline solutions. These extraction methods could also be used to obtain standardized samples for other soluble compounds from sediments (e.g. proteins). The protocol can be tailored as required by the aims of the investigation, but it is important to recognize the protocol-dependent nature of the carbohydrate extracts and to fully describe extraction methods when publishing results. The measurement of colloidal carbohydrate fractions as described here is a useful index of microbial EPS (Decho 1990) and not a direct measure of EPS itself (as used by Yallop et al. 1994) . This is because the actual amount of EPS (measured by precipitation in 70% ethanol) varies in colloidal-S and colloidal-EDTA extracts and also varies depending on the nature of the microbial assemblage. However, the combination of standardized measurements of colloidal carbohydrate extracts and precipitation of extracts in 70% alcohol to obtain actual polymeric fractions provides a repeatable method for characterizing EPS from microbial assemblages in natural sediments.
